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Abstract

This study presents an investigation on the potential of biostimulation and bioaugmentation
of Microbial-Induced Calcite Precipitation (MICP) in soils polluted by polycyclic aromatic
hydrocarbons (PAH). Biostimulation of urea hydrolysis by soil autochthonous ureolytic
bacteria was not detected over 62 days. Flow cytometry revealed Sproposarcina pasteurii at
initial ODsoo = 0.01 was able to grow in soil water extracts of increasing hydrocarbon
concentration (TOC = 0.035-35 mg/L), showing no negative effects on cell membrane
stability. Urease activity assays in soil water extracts inoculated with S. pasteurii (ODegoo =
0.01 and 1) and soybean Glycine Max urease enzyme (1 and 100 g/L) indicated cell and
enzyme urease inhibition was dependant on hydrocarbon and cell/enzyme concentrations.
Glycine Max urease activity was unaffected at 100 g/L but at 1 g/L decreased with increasing
hydrocarbon concentration up to 61%. S. pasteurii at ODeoo = 1 readily decreased at the
lowest hydrocarbon concentration (TOC = 0.35 mg/L) to an overall reduction of 31% at the
highest concentration. Bioaugmentation of S. pasteurii (ODeoo, initial = 1) inoculated in the soil
matrix successfully hydrolysed urea within 24 h. These results evidence for the first time the
ability of model MICP bacteria S. pasteurii to grow and maintain relevant metabolic ureolytic

activity in soils significantly polluted by PAH.
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Synopsis: Microbial-Induced Calcite Precipitation (MICP) in soils polluted by organic
contaminants is poorly understood. This research evidence the feasibility of MICP in soils

heavily polluted by polycyclic aromatic hydrocarbons.



1. Introduction

Soil contaminants including trace elements (e.g., Cd, Pb, Cu, Zn, As), radionuclides (e.g.,
%Sr), organic pollutants (e.g., hexachlorocyclohexanes, polycyclic aromatic hydrocarbons,
polychlorinated biphenyls, polybrominated diphenyl ethers) and emerging contaminants
(e.g., pharmaceuticals, plastics, nanomaterials) are a global pressing issue with severe
negative effects both on the environment and humans!'l. An effective bioremediation method
for heavy metals is their immobilisation via incorporation into calcium carbonate (CaCOs)
minerals through Microbial-Induced Calcite Precipitation (MICP) where toxic elements (e.g.
Cro*l2.3.41 pp2*5. 61 gr2+7l Cg2*B 9 Zn2*8 9 Ag3*1101 Nj2*11l Cy2*12]) can substitute for calcium
(Ca?"), forming stable and insoluble phases. An important unexplored avenue of MICP in the
context of bioremediation is its feasibility in soils polluted by organic contaminants. High
molecular weight persistent organic pollutants such as polycyclic aromatic hydrocarbons
(PAHs) accumulate on surficial soils near source points('®, resulting in higher concentrations

in industrial and urban centres!' where they co-exist with heavy metals!'.

MICP requires abundance of carbonate (CO3?) and calcium (Ca?*) ions and an alkaline pH
(>8.5). These conditions are achieved through multiple bacterial metabolic pathways
(ammonification, denitrification, sulphate and iron reduction)!'®. Ammonification of urea, or
urea hydrolysis, is mostly studied due to ubiquitousness of bacterial'”! and robustness
against environmental conditions!'®1° 20. 211 Ureolytic bacteria catalyse the hydrolysis of urea
into ammonia and carbamic acid through the urease enzyme (1). Carbamic acid
spontaneously hydrolyses into ammonia and carbonic acid (H2CO3) Error! Reference
source not found., which subsequently equilibrate with water as bicarbonate (HCO3’) and
ammonium (NH4*) ions (Egs. (3) and (4). The excess of hydroxide ions (OH") between pH
6.3 and 9.3 (pKs and pKa, respectively) results in a net increase in pH, shifting HCOs

speciation to CO3?%. Given the presence of Ca?*, CaCOj; precipitation ensues (5)?2.

urease (1)
CO(NH,), + 2H,0 —— NH; + NH,COOH
NH,COOH + H,0 — NHy + H,CO5 (2)
H,CO; & H* + HCO3 (3)
4 4 - (4)
2NHs + 2H* & 2NH} + 20H

Ca?* + HCO; + OH™ o CaCO; + H,0 (5)



In soils polluted by organic contaminants, urease activity has been investigated as a
biomarker to assess soil pollution. Petroleum hydrocarbons have been shown to stimulatel?®
24,25,26,271 gnd impairt?® 2% 27:30. 31 gl urea hydrolysis. This has been shown to be dependent
on pollutant concentration?® 31, type of hydrocarbonl?®: %21, co-presence of inorganic
pollutants (e.g., heavy metals)B% %3 as well as soil properties (e.g., total organic carbon,

pH)®71 nutrient availability (e.g., phosphorous)®#, and incubation time?5 301,

Little is known about the effects of PAH on ureolytic bacteria at molecular scale. Inhibition of
urea hydrolysis may occur at cell and/or enzyme level, yet the exact mechanisms remain
unclear. At cell level, it has been postulated that lipophilic compounds such as PAH have a
narcotic mode of toxic action on bacteria, interacting with lipophilic components of bacteria
cytoplasmatic membranes and affecting their permeability and structure* .. Narcosis is
produced by non-specific binding of pollutants to cell membranes, dissolving or disrupting
their fluidity and function and hence is dependent on pollutant lipophilicity®®®!. At enzyme
level, organic compounds are thought to denature the entire protein structure*® and
additionally cause loss of catalytic function through interaction with functional groups of the

enzyme active site and residues critical to maintaining its conformation7.,

Understanding the effect of persistent organic pollutants on MICP is important in developing
applications in bioremediation and biogeotechnics due to their widespread presence and co-
existence with other pollutants (e.g., heavy metals) in environments of anthropogenic and
ecological relevance. Towards this goal, this study aimed to elucidate MICP’s feasibility in
presence of PAH by investigating their effect on ureolytic bacteria growth and ureolysis.
Firstly, we investigated the response of a soil from a gas plant heavily polluted by PAH to the
application of urea over two months to determine the feasibility of MICP biostimulation
approaches. Secondly, we investigated the viability of model MICP bacteria S. pasteurii
growth in PAH polluted soil extracts at varying PAH concentrations to determine its potential
to thrive once introduced in the polluted environment. Thirdly, we conducted urease activity
assays in PAH polluted soil water extracts at varying cell, urease enzyme and PAH
concentrations, under the hypothesis of increasing urease activity inhibition with increasing
hydrocarbon concentration. The inhibitory effect of PAH on urease activity was investigated
on S. pasteurii and soybean (Glycine Max) extracted plant urease to elucidate inhibition
mechanisms at cell and enzyme level. Ureases exhibit high homology of amino acid
sequencies across species, such that the active site is conserved and induces the same
mechanism of catalytic activity!®®, making plant and bacterial urease activity assays
adequate to investigate inhibition mechanisms at cell and enzyme level. Based on the

obtained results, we induced bioaugmentation of S. pasteurii on the PAH polluted soil. The



results of this study provide, for the first time, scientific evidence of the feasibility of MICP in

soil environments polluted by PAH.
2. Materials and methods

2.1 Soils

A soil polluted by coal tar (COV14) was sourced from a gas plant (England, UK) in which the
main contaminants are PAH as described in Gauchotte-Lindsay et al. 9. An uncontaminated
reddish sand from a quarry near Glasgow (GQ, Garnock Quarry, Hugh King & Co Scotland,
UK) was used as a control, whose mineralogical, chemical and physical properties are

described in Comadran-Casas et al. 11,
2.2. Soil hydrocarbon water extraction

Earlier studies have evidenced that only the fraction of substance (i.e., PAH) dissolved in
pore water is available to bacterial*®, therefore soil water extractions were deemed suitable
to reduce the complexity of soil matrices. The soil was sieved <2 mm in sterile conditions
and stored in the fridge (4°C) until further use. A soil extract containing extractable organic
contaminants was obtained by placing COV14 soil and autoclaved ultrapure water (Milli-Q
water filtration system Elga Purelab Chorus, from here onwards “DI”) in a 100 mL
borosilicate reagent glass bottle at a soil to liquid ratio of 1:2.5, topping it up to make sure no
air remained in the bottle, mixed thoroughly, and placed in an orbital shaker at 200 rpm for
18 h. Subsequently the sample was stored in the dark for 3 days for equilibration®*?. The soil
extract was obtained by vacuum assisted filtration through 0.2 ym glass filter, obtaining a
stock solution which was subsequently transferred to a reagent borosilicate glass bottle and
stored in the fridge at 4°C until further use. Glass bottles were previously rinsed thoroughly
with deionised water, baked at 550°C and autoclaved. A sample of the 1:2.5 COV14 extract
was analysed for total dissolved carbon as specified in 2.9.4. The soil extract was diluted

1:5, 1:10, 1:100 and 1:1000 with DI water to provide a range of hydrocarbon content.
2.3. Glycine Max urease extraction

Glycine Max (soybean, Whole food earth, Kent, UK) beans were soaked overnight (>12 h) in
DI water at a bean to water mass to volume proportion of 100 g/L. The mixture was blended
for 5 min and stirred for 30 min in an orbital shaker at 200 rpm. In sterile conditions,
CaS042H20 (>99.5% ACS reagent, Fisher Scientific) was added to the mixture at a 1:10
beans weight ratio, stirred for another 5 min, and allowed to rest for 1 h to induce solid

coagulation. The mixture was then decanted into 50 mL centrifuge tubes in sterile conditions



and centrifuged at 3000 rpm overnight at 4°C. The supernatant was subsequently filtered
through 0.2 ym cellulose filter (Sartorius Minisart) into borosilicate glass bottles, obtaining a
100 g/L stock urease solution, which was stored in the freezer (-20°C) until further use. The
100 g/L urease stock solution was diluted to 1 g/L with DI water and stored in the freezer at -
20°C until use. Glass bottles were previously rinsed thoroughly with DI water, baked at
550°C and autoclaved.

2.4. Sporosarcina pasteurii culture

S. pasteurii DSM 33 was grown for 24 h in an orbital shaker incubator set at 30°C and 150
rpm in LBU media containing 10 g/L tryptone (Formedium Ltd.), 10 g/L NaCl (299.0%, ACS
reagent, Sigma Aldrich), 5 g/L yeast extract powder (Formedium Ltd.) and 20 g/L urea
(299.5% ACS reagent, Fisher Scientific) adjusted to pH 7 with NaOH and filter sterilised
through 0.2 um. Bacteria were pelleted by centrifugation at 30 min and 2500 g, resuspended
in autoclaved 5 g/L NaCl solution and diluted to ODeoo of 0.01 or 1. The optical density was
measured at 600 nm with a spectrophotometer (DR 1900, Hach). This procedure was

conducted daily prior to experimentation.
2.5. Soil DNA extraction and detection of relevant genes for bioremediation

COV14 soil DNA was extracted with the RNeasy PowerSoil Total RNA Kit plus DNA Elution
Kit (Qiagen) according to the manufacturer’s instructions. PCR annealing temperature was
optimised for target genes of bacterial ureolysis (ureC) using soil environmental DNA and
tested on soil COV14 environmental DNA as template. Genes were amplified using primers
listed in Table 1 with a HotStarTag Polymerase kit (Qiagen) in a 50 L final volume
composed of 5 uL 10x PCR buffer (15 mM MgCl,), 39.75 uL PCR water, 1 pL of each primer
(10 pM, Eurofins), 1 yL dNTPs (10 uM each), 0.25 pL HotStarTaq DNA polymerase and 2 pL
of DNA sample. PCR conditions were as follow: 95°C for 15 min, (94°C 30 s, Tw*°C 30 s,
72°C 30 s) x 30 and 72°C 10 min, where T is the optimum annealing temperatures
determined through gradient PCR (Table 1) combined with agarose gel electrophoresis to

separate PCR products.

Table 1 List of ureC primers used in this study to test the presence of ureC gene in extracted

environmental soil DNA and optimum annealing temperatures (Tm’).

) ) ] Length T
Primer Sequence (5’ > 3') Orientation Target Reference .
(bp) (°C)
ureC-F AAGSTSCACGAGGACTGGGG Forward .
Bacterial
318 3] 57
ureC-R AGGTGGTGGCASACCATSAGCAT Reverse ureC




ureC-L2F ATHGGYAARGCNGGNAAYCC Forward .
Bacterial
408 (44
ureC-L2R GTBSHNCCCCARTCYTCRTG Reverse ureC
ureC607F AARMTSCAYGARGACTGGGG Forward .
Bacterial
310 5] 56
ureC898R TGRCASACCATSAKCATGTC Reverse ureC

2.6. Soil urea hydrolysis through biostimulation and bioaugmentation

The potential to induce urea hydrolysis through biostimulation of autochthonous ureolytic
bacteria was investigated in COV14 soil samples and on an uncontaminated quarry sand
(GQ) which served as control. Samples were prepared by adding 2 g of soil (<2 mm) in
sterile RNAase free15 mL centrifuge tubes (Sarstedt AG&Co KG). Following preparation, 4
mL treatment solution were pipetted, and tubes were closed and thoroughly shaken to mix
soil and solution, marking t = 0. Both sample preparation and treatment application were
conducted in sterile conditions. The treatment solution was prepared adding 333 mM urea,
10 g/L ammonium chloride (NH4ClI, >99.5% Acros Organics) and 3 g/L nutrient broth
(Nutriselect basic, Sigma Aldrich) to DI water, filter sterilised through sterile 0.2 um cellulose
syringe filters, transferred into pre-autoclaved borosilicate glass bottles in sterile conditions
and stored at 4°C until use. Samples were subsequently transferred into an incubator set at
room temperature (20£3°C) with gentle shaking (150 rpm) and allowed to react in closed
vials and dark conditions for up to 2 months. Samples were taken at reaction times (t;) = 0,
1,2, 3,4, 10, 20, 30 and 62 days. Bioaugmentation experiments were conducted on COV14
soil only. Soil samples were prepared as in biostimulation experiments. S. pasteurii was
grown to an ODsoo = 1 as indicated in Section 2.4 and resuspended in sterile PBS buffer.
Soils were treated with 2 mL of LBU media containing x2 the mass proportion of chemical
compounds and 2 mL of S. pasteurii. Samples were obtained att. =0, 1, 2, 3 and 7 days.
Three replicate samples were prepared for each reaction time point. Following reaction time,
samples were centrifuged at 2500 g for 20 min to separate soil and solution. The solution
was subsequently decanted and filtered through 0.2 ym for analysis of pH and NH.* (see
Section 2.9.1 and 2.9.2).

2.7. Viability assay

To determine whether S. pasteurii could grow and maintained cell membrane structure in the
presence of organic contaminants a viability experiment was conducted. S. pasteurii was
grown overnight and diluted to an initial ODgoo = 0.01 as in Section 2.4. Growth solutions

were prepared by adding x2 the mass proportion of chemical compounds of LBU media into



soil extract solutions. Growth media were prepared in borosilicate glass bottles previously
rinsed with DI water and baked at 550°C. Following media preparation growth solutions were
filter sterilised. Equal volumes of S. pasteurii stock solution and growth solutions containing
increasing concentration of organic contaminants were pipetted to RNAse free sterile 15 mL
centrifuge tubes, mixed thoroughly, and placed in an orbital shaker incubator at 150 rpm and
T = 30°C. Samples were obtained att =0, 2, 4, 8, 12, 20 and 24 h. Sampling was
destructive such that three replicates were prepared for each hydrocarbon concentration and

reaction time point.

Methods to study bacteria growth and kinetics have typically involved optical density or cell
dry weight*®'which are indirect measurements of cell concentration and can be misleading
when trying to determine bacteria viability nor provide information on cell membrane
stability™” 48, In this study we employed flow cytometry which provides direct measurement
of total cell counts and has been used to differentiate total from intact cell counts through the
use of stains that penetrate or not cell membranes, from which cell viability and membrane

structure can be inferred!*®: 50,

Quantification of bacteria population was performed using the Cytoflex flow cytometer
(Beckman Coulter). Samples were prepared by cell fixation with glutaraldehyde (1% in DI
water) and diluted as necessary with filtered (0.22 ym Sartorius™ Minisart™ Plus Syringe
Filters, Fisher scientific) DI water®. Samples were stained for total and intact cell count with
10 yL/mL of SYBR Green | (SGI) and 10 yL/mL of SYBR Green | mixed with propidium
iodide (SGI/PI), respectively, and incubated in the dark for 15 min before measurement. The
total cell stain was prepared by diluting the stock solution of SGI (10,000 x in DMSO,
Thermofisher) 1:100 in EDTA (1 mM) and the intact cell stain by mixing SGI with Pl (1.6 mM)
and diluting 1:100 in EDTA (1 mM) for a final concentration of 0.6 mM PI and 100x for SGI.
Gating was used to distinguish the selected bacteria population background with the aid of
negative controls consisting of the DI water used for dilutions, growth solutions composed of
LBU in soil extracts and filtered samples (<0.22 ym) to remove any bacterial cells using the

software CytExpert (Beckman Coulter).

The bacteria specific growth rate was estimated by fitting a regression line to the logarithmic
cell counts during the exponential growth phase, with the slope of the line representing the
growth rate. The lag phase duration was estimated as the x-axis intercept of the regression

line, assuming a theoretical extrapolation from the exponential phase!®?.
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2.8. Urease activity assay

To investigate organic contaminant effect on urease activity at enzyme and cell level,
extracted Glycine Max urease (1 and 100 g/L) and S. pasteurii (ODgoo = 0.01 and 1) were
exposed to increasing concentrations of COV14 soil extracts obtained as indicated in
Section 2.2 to which 666 mM urea were added in a 1:1 volume ratio. The higher enzyme and
cell concentrations were chosen for comparative purposes with previous studies providing
similar enzyme and cell urease activity ratesl®® °¥. Positive controls included Glycine Max
urease and S. pasteurii exposed to solutions containing no contaminants but 666 mM urea
or 666 mM urea plus 5 g/L NaCl, respectively. Negative controls were run on COV14
extracts containing 666 mM urea, 666 mM urea, and 666 mM urea plus 5 g/L NaCl solutions,

where Glycine Max urease or S. pasteurii solutions were replaced by DI water.

The urease activity (UA) was determined through changes in electrical conductivity (EC)
over time with measurements taken every 0.5 min over 20 minl>® by adding equal volumes of
either Glycine Max urease or S. pasteurii and COV14 soil extracts plus urea in glass vials.
Glass vials previously rinsed with DI water and baked at 550°C overnight. The UA was

computed as:

ua (14 26 ©)
min At

Where f = 22.2 is a conversion factor of EC to urea hydrolysed (11.1) divided by the dilution
factor (1:2) of initial urea concentration *°.. The slope and standard error of the measured
changes in EC over time was computed through a linear regression with the data points of

the three replicate runs.
2.9. Chemical analyses

29.1. pH

Solution pH was measured with a pH meter (Orion Star A215, Thermo Scientific) probe
(Orion ROSS Ultra SM 103BNUWP, Thermo Scientific), calibrated to three points (pH =4, 7

and 10, Orion Application Solution, Thermo Scientific).
2.9.2. Ammonium (NHs*)

NH4" in solution was analysed with an ammonium cuvette test (100-1,800 mg/L NH,4-N,
LCK502, Hach UK) and spectrophotometer (DR 1900, Hach UK) according to the

manufacturer instructions.
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2.9.3. Electrical conductivity

Solution EC was measured with an EC meter (Orion 5 Star, Thermo Scientific) probe (Orion
013605MD, Thermo Scientific) calibrated to 1413 and 12880 uS/cm buffer solutions (Orion

Application Solution, Thermo Scientific).

2.9.4. Soil total carbon

COV14 soil total carbon and isotopic 8'*C composition were analysed with a Picarro
Combustion Module Cavity Ring-Down Spectroscopy (CM-CRDS) system (CM by NC
Technologies, G2201-i CDRS) interfaced by a Caddy Continuous Flow Interface (A2100) on

five analytical replicates.

2.9.5. Soil total and exchangeable elemental composition

The total elemental composition COV14 soil was carried out through a triacid hotplate
digestion at the Scottish University Environment Research Centre (SUERC, East Kilbride,
G75 0QF, Scotland, UK) in triplicate. Soil samples were consecutively digested overnight on
a hotplate at 120°, first with HF+HNO3, secondly with HNO3, and finally with HCI. Elements
Al, Ba, Ca, Fe, K, Mg, Mn, Na, Sr, Ti and Zn were determined by inductively coupled plasma-
optical emission spectrometry (ICP-OES, Thermo Scientific iCap 7000) and As, B, Cd, Co,
Cr, Cu, Li, Mo, Ni, Pb, Sb, Sn and V by ICP-mass spectrometry (ICP-MS, Agilent 7500ce).
ICP-MS was used due to the higher limit of detection over ICP-OES according to SUERC

internal laboratory procedures.

The elemental composition of the soil exchangeable fraction was determined on three
analytical replicates through the first step of the Tessier et al. (1979) sequential extraction. In
summary, 1 g of soil and 8 mL of 1 M MgCl were mixed for 1 h at toom temperature. The
solution containing soil exchangeable elements was obtained through centrifugation,
decantation, filtration (0.2 um), and acidification with HNOs. Elements Na, K, Mg, Ca, Sr, Ba,
Ti, V, Cr, Mo, Mn, Fe, Co, Ni, Cu, Zn, Cd, B, Al, Si, Sn, Pb, As, Sb, S, Se were determined by
ICP-OES (Agilent 5900 SVDV).

2.9.6. Total dissolved organic carbon in soil extracts

The total dissolved organic carbon of the 1:2.5 COV14 soil extract was determined on three
analytical replicates with a total organic carbon analyser (TOC-L, Shimadzu) calibrated to

2.5 and 5 ppm potassium phthalate monobasic (>99.5%, Sigma Aldrich).
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3. Results and Discussion
3.2. Soil characterisation

The polluted COV14 soil was composed of 70% sand, 7.9+0.3% silt and 4.7+0.2% clay size-
particles (Table S1). The moisture content was determined at 23%. The total carbon and
isotopic composition of 3C were 8+4% and -26.4 %0+0.4, respectively (n =5) (Table S2). The
soil total elemental analysis indicated Pb (490130 mg/kg), Mn (460+50 mg/kg), Ba (470+50
mg/kg), Cu (240£90 mg/kg) and Zn (310£20 mg/kg) were present in significant
concentrations (Figure S2A). Of these, only Mn (2813 mg/kg) and Ba (10+£3 mg/kg) were
present at concentrations >5 mg/kg in the soil exchangeable fraction (Figure S2B). The
analysis of soil PAH indicated presence of phenanthrene (28.7+0.2 mg/kg), fluoranthene
(18.4+0.2 mg/kg) and pyrene (16.0£0.1 mg/kg). Additionally, anthracene, fluorene,
benzo(a)anthracene, benzo(b)fluoranthene, acenaphthylene (5-10 mg/kg) and naphthalene,
chrysene, benzo(k)fluoranthene, benzo(a)pyrene, indeno(1,2,3-cd)pyrene,
dibenzo(a,h)anthracene and benzo(g,h,i)perylene were quantified (1-5 mg/kg) (Figure S3).

These results confirmed presence of both organic and inorganic pollutants in COV14 soil.
3.3. Soil genetic potential for bioremediation

Bacterial ureC genes, relevant in the bioremediation of heavy metals through microbial-
induced calcium carbonate precipitation, was evidenced in both the uncontaminated GQ saoil
and the PAH contaminated COV14 soil in extracted environmental DNA samples (Figure 1).
The presence of ureC was confirmed by the amplification of a PCR product with the
expected size of 318 bp™® indicating the soils’ potential for ureolysis. Of the ureC primers
tested, the primer by Collier et al. *3 provided the best results, binding to the DNA ureC gene
and ureC standard over a temperature range 50-61°C (Figure S5Figure S 5). The
ureC607F&898R pairt! provided good results binding to DNA and ureC standard over 56-
62°C with strongest bands showing at 56°C (Figure S7). The ureC 2LF&R primer* did not
bind to DNA nor ureC standard at any of the annealing temperatures tested (56-68°C)
(Figure S6).
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Figure 1 PCR results showing presence of ureC genes in DNA extracted from a) GQ and b) COV14 soil.
Column well IDs without, with plus (+) and negative (-) signs indicate environmental DNA sample,
environmental DNA sample spiked with 1 uL ureC standard and control PCR water, respectively. “L”

stands for ladder used to estimate the base pair (bp) length of the target gene. ureC primers used

developed by Collier et al., [43],
3.4. Ureolytic activity of autochthonous soil microorganisms

Biostimulation of urea hydrolysis in the uncontaminated quarry sand (GC) used as control
was evidenced by increases in NH4* (20545 to 859454 mM) and pH (6 to 9+0.01) within two
days (Figure 2). The increase in NHs" (ANH.s* = 654 mM) indicated all urea applied (333 mM)
had been hydrolysed, according to the stoichiometry of the urea hydrolysis reaction (Eq.(1).
Urea hydrolysis induces an increase in soil pH and NH4* due to excess OH" resulting from
equilibration of CO2 and NHs derived from urea hydrolysis with water (Eq. (2 and (3). This
demonstrated a urease activity of 227 uM urea/min until consumption of all urea. The same
treatment application to COV14 soil did not result in significant changes in pH (7.1-7.4) or
NH4* (205 mM) over 62 days (Figure 2), indicating urea hydrolysis in the polluted soll
(COV14) did not occur to a measurable extent. Given the presence of ureC genes indicating
COV14 soils’ genetic potential for urea hydrolysis (Figure 1), the absence of urea hydrolysis

soil could be attributed mainly to the presence of soil contaminants.
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Figure 2 Evolution of soil pH (left y-axis, circle) and NH4* (right y-axis, triangle) over time following
application of treatment to induce urea hydrolysis on an uncontaminated quarry sand (GQ) and a
polluted soil from a gas plant (COV14). Markers and error bars indicate the average and standard

deviation of three replicate samples.

Heavy metals are known inhibitors of urea hydrolysis in soils. The strength of inhibition
follows the order Hg?* = Ag* > Cu?* >> Ni?* > Cd?* > Zn?* > Co?* > Fe®" > Pb?* > Mn?2* [%6: 57: 58],
The concentration of Mn and Ba in COV14 exchangeable fraction was determined at 28+3
and 10+3 mg/kg, respectively, equivalent to soil-solution concentrations of 0.5+0.1 and
0.07+0.02 mM. The rest of elements in the COV14 soil exchangeable fraction were <0.02
mM. Urea hydrolysis inhibition in pure cultures of S. pasteurii has been observed at Mn = 50
mM®9 although the minimum inhibitory concentration remains undetermined. For Ba, no data
exist yet to our knowledge in pure cultures. Inhibitory concentrations of urea hydrolysis vary
across elements and bacterial species however, studies on pure cultures indicate minimum
inhibitory concentrations are typically one to three orders of magnitude higher than 0.02 mM
[6: 60, 61,62, 63] Bjostimulation of urea hydrolysis was not hindered in a soil containing Mn and
Ba concentrations in the exchangeable fraction (10+1 and 33+1 mg/kg) similar to COV1441,
It was therefore concluded that elements present in the exchangeable fraction at the
concentrations determined were not the main cause of urea hydrolysis inhibition in COV14

soil.
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Organic contaminants can have both stimulatory and inhibitory effects on soil urea
hydrolysis. Increases in urease activity have been observed at PAH <2 mg/kg?”! and
specifically <1 mg/kg naphthalene and phenanthrenel?®], attributed to utilisation of organic
contaminants as carbon sources by autochthonous microorganisms resulting in increased
microbial counts, soil respiration, biomass, and enzyme activities?®l. On the contrary, sharp
reductions in urease activity have been observed at total petroleum hydrocarbon (TPH) >300
mg/kg®®, and in the combined presence of PAH (phenanthrene, fluoranthene,
benzo(a)pyrene; 0.01-3.2 mg/kg) and heavy metals (Cd, Zn, Pb)B%. Inhibitory effects have
been attributed to suppression of the microbial populations involved in the N, P, or C
cycles?® prevention of enzyme activity expression due to interaction of organic
contaminants with cell surfaces!?® and changes in the enzyme molecular structure active site
caused by heavy metal interactions and enzyme denaturation by PAHE?, The measured
PAH in COV14 added up to 116 mg/kg, an order of magnitude higher than PAH
concentrations observed to decrease urea hydrolysis rates (PAH ~2 mg/kg)#7: 30,
Biostimulation of urea hydrolysis by COV14 soils’ autochthonous bacteria was thus likely
inhibited by the PAH.

3.5. Viability of Sporosarcina pasteurii in the presence of hydrocarbons

Hydrocarbon mediated inhibition of urea degradation may be the result of negative effects on
bacteria growth and enzyme activity. To assess whether ureolytic bacteria could grow once
introduced in the polluted soil environment, we used flow cytometry to quantify total and
intact cell counts over the course of 24 hours and determine growth kinetics under

increasing concentration of hydrocarbons.

The growth of S. pasteurii followed the typical bacteria growth pattern distinguished by a lag,
exponential growth, stationary, and decline phases (Figure 3A). Surprisingly, the presence of
hydrocarbons had no significant effect on the growth parameters compared to control (HC =
0; p >0.05). The specific growth rates determined from the exponential phase of the total cell
count remained consistent across hydrocarbon concentrations (ranging from 0.44 to 0.46 h
1), except at the highest hydrocarbon concentration where a notable increase (HC 1 =
0.68+0.51 h™") determined (Figure 3C). Although this indicated a potential enhancement in
growth, differences in specific growth rate were not statistically different (p = 0.97). Similarly,
there were no significant differences in lag time in the presence of hydrocarbons compared
to control for both intact (p = 0.4) and total (p = 0.89) cell count (Figure 3D). This
demonstrated the bacteria’s ability to acclimatise to the new environment was not affected
by the presence of hydrocarbons and that bacteria were readily able to utilise the carbon

sources in the media.
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Hydrocarbons can be toxic to bacteria reducing the growth rate by causing membrane
damage'®. The total and intact cell counts after 24 hours (~5x108 cells/mL for total cell
count, p = 0.86; ~1.6x107 cells/mL for intact cell count, p = 0.89) were not significantly
different across samples (Figure 3A-B). Results further indicated that at least 2% of the total
measured bacteria had an intact and undamaged cell membrane after 24 h. Added to the
insignificant differences observed in lag and growth rate phases, it was concluded that S.
pasteurii was able to grow successfully in the presence of hydrocarbons and there was no
significant difference in bacteria numbers and cell viability after 24 h, regardless of presence

of hydrocarbons at the concentrations tested.

Despite there being no significant increase in specific growth rate with increasing
hydrocarbon concentration, S. pasteurii could be utilising additional carbon sources for
growth. LBU media was constant across tested solutions, and the only difference was the
organic carbon dissolved from soil during the water extraction procedure. It has been argued
that PAH (phenanthrene, anthracene, fluoranthene, pyrene, benzo[alanthracene and
chrysene) can be easily used by the soil microorganisms as a source of carbon and
energy!®® ¢l were low toxicity, three-ring PAH, are decomposed more easily by
microorganisms than five-ring PAH®1. Notably, Pseudomonas aeruginosa N6P6, a known
ureolytic bacteria, was able to utilise PAH as a sole source of carbon®®, indicating this could
be a common trait across ureolytic bacteria. It is also possible that dissolved organic matter
from the soil offered a protection mechanism. Higher soil organic matter was found to
decrease the negative effects of PAH on soil urease activity!?” ¢, which has been attributed
to sorption of organic pollutants by soil organic matter”® 7" In this study we did not elucidate
whether S. pasteurii used hydrocarbons, other dissolved organic carbon from soil or
compounds in LBU media as source of carbon. However, the presence of only one lag and
exponential phase indicated bacteria did not show a diauxic growth and therefore used one

preferred carbon source®4.
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Figure 3 Growth curve and kinetics of S. pasteurii (cells/mL) population over 24 hours with different
dilutions of hydrocarbon. Flow cytometry is used to measure the A) Total and B) Intact cell count. C)
Growth rate (h-') and D) Lag time (h) of the intact and total cell count is calculated using the slope and
intercept. Markers and error bars indicate the average and standard deviation of three biological

replicate samples.

3.6. Urease activity of Glycine Max urease and Sporosarcina pasteurii in the

presence of hydrocarbons

To establish whether organic contamination and PAH in particular inhibited urea hydrolysis,
we investigated both the urease activity of Glycine Max and S. pasteurii in the presence of a
COV14 water extract. The total organic carbon of the undiluted water soil extract (referred to
as HC = 1) was determined at 70.0+£0.7 mg/L (n = 3).

3.6.1.Urease activity in absence of contaminants

The urease activity of Glycine Max at 1 and 100 g bean/L in absence of contaminants was
determined at 1147 and 4521+304 umol urea/min (HC = 0, Figure 4A) (Eq. (6) and the S.
pasteurii urease activity at ODggo= 0.01 and 1 at 30£9.6 and 2102126 umol urea/min (HC =
0, Figure 5A), respectively. The urease activities at the higher dosages of enzyme (100 g
bean/L) and cell (ODsoo = 1) were comparable to values reported in the literature by Weng et

al. ®¥ (~4.2 mM urea/min) and Minto et al. 53 (~3.7-4.6 mM urea/min/ODso), respectively,
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but significantly lower than values reported by Liu et al. ['? for Glycine Max (~10 mM
urea/min) and Lauchnor et al., " for S. pasteurii (1.93 mM urea/min at ODeso = 0.025). The
variation in urease activity of Glycine Max could arise from the grinding process (e.qg.,
particle size of ground beans, inactivation of enzyme if temperature during grinding
exceeded T >65°C Pettit et al. "4!) and the temperature at which EC conductivity is
measured. Another cause for discrepancy at the higher dosages could be the lower urea
concentration used in this study of 666 mM compared to the 1.1 M® which may have been

insufficient to saturate the enzyme and prevented urease activity to reach Vmax.

The measured urease activity of S. pasteurii was 2.0 to 3.7 times lower than that of Glycine
Max. At equivalent amounts of enzyme, the reported urease activity of S. pastuerii is
significantly higher than that of Glycine Max (2500 vs 650-800 pymol urea/min/mg enzyme,
respectively)®®, indicating the amount of urease obtained with 1 and 100 g/L Glycine Max

and ODsoo = 0.01 and 1 S. pasteurii were not equivalent.

The measured urease activities of Glycine Max urease and S. pasteurii were not proportional
to their respective concentrations. Instead of the x100 factor in urease activity expected from
dilution, the difference in urease activity obtained with the lower and higher enzyme and cell
dosages were x36 and x40, respectively. This was in contrast to the reported proportionality
between urease activity and concentration of Glycine Max within 20-100 g/L? and S.
pasteurii cell within ODgoo = 0.025-0.15["3! and was attributed to insufficient urea to reach Vmax

at the higher dosages of enzyme and cell.

3.6.2.Effect of hydrocarbons on enzyme urease activity

At both 1 and 100 g/L Glycine Max, urease activity was quantifiable at all hydrocarbon
concentrations (Figure 4A). At 100 g/L, no significant differences in urease activity were
determined at any hydrocarbon concentration (p = 0.88) (Figure 4A). Instead, at 1 g/L urease
activity decreased significantly with increasing hydrocarbon concentration (p = 4.24e-05)
(Figure 4B), evidencing inhibition by hydrocarbons at enzyme level. A significant decrease in
urease activity was determined at TOC 23.5+0.1 mg/L (i.e., HC 20.1)). At the highest
hydrocarbon concentration (TOC = 35 mg/L, HC = 1), urease activity was 61% lower than in
absence of contaminants (HC = 0). We do not know of any earlier studies on the effect of
PAH on enzyme urease activity relevant for comparison with these results. Our results
evidenced urease activity inhibition was dependant on enzyme and pollutant concentration.

This suggested the mechanism of inhibition at enzyme level was competitive.
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3.6.3.Effect of hydrocarbons on cell urease activity

Urease activity of S. pasteurii at ODeoo = 1 was quantified at all hydrocarbon concentrations
tested (Figure 5A). Presence of hydrocarbons had a significant effect on cell urease activity
(p = 5.01e-05). A significant decrease in cell urease activity was determined at the lowest
hydrocarbon concentration tested (HC 20.01, TOC = 0.7+0.1 mg/L, Figure 5A), resulting in a
31% slowdown in urease activity at the highest hydrocarbon concentration (HC = 1, TOC =
35 mg/L). The results at ODsoo = 1 evidenced an inhibitory effect of hydrocarbons on cell
urease activity. At ODsoo = 0.01, cell urease activity was determined <60 uM/min at all
hydrocarbon concentrations tested (Figure 5B). Changes in electrical conductivity over time
at ODsoo = 0.01 were hardly detectable over the 20 min experiment, resulting in linear
regressions with slopes ranging from 0.6-1.6+0.03-0.48 yS/cm?/min which were not
significantly different than controls without cells (-1.8-2.2+0.2 uyS/cm?/min). Therefore, it was
concluded that cell urease activity at ODeoo = 0.01 was either below detection limits or was
inhibited altogether, such that the effect of hydrocarbons on urease activity could not be
elucidated. However, these results evidence cell urease activity inhibition was dependant on

pollutant and cell concentration.

Contrary to the enzyme assay, inhibition was readily observed at the highest cell (ODggo = 1)
and lowest contaminant concentration (TOC = 0.35 mg/L), suggesting PAH had a stronger
inhibitory effect at cell than enzyme level. This could be because the amount of enzyme
urease in Glycine max and S. pasteurii solutions were not equivalent, as indicated from
urease activities obtained in absence of contaminants. Additionally, the Glycine max solution
contained an undetermined amount of dissolved organic matter (<0.22 um) which could bind
to PAHI?" 7°1 decreasing its inhibitory effect. At the lowest cell concentration (ODggo = 0.01),
no measurable urease activity was determined in presence or absence of contaminants
indicating urease activity was below limits of detection. Future experiments with pure urease
extract and equivalent and normalised urease enzyme concentrations would be necessary to

elucidate differences in strength of inhibition at enzyme and cell level.

It has been suggested PAH have a non-specific narcotic mode of action on bacteria®* 391,
This narcotic mode of action has been observed in soil nitrifiers, where nitrification rates
decreased proportionally to PAHs’ lipophilicity®®®!, suggesting cells might be exposed to a
combined inhibitory effect occurring at cell and enzyme level. The urea hydrolysis assay
revealed that cell (ODesoo = 1, ~10° cells/ml; Figure 5) and enzyme (1 g/L, Figure 4) urease
activity were significantly impeded with increasing hydrocarbon concentration, suggesting
urea hydrolysis was largely inhibited at the low initial cell concentration used in the growth

experiment (ODsoo = 0.01, ~10° cells/ml) (Figure 3). The fact that the lag and exponential
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growth phases did not show any significant differences across hydrocarbon concentrations
thus indicated bacteria used carbon sources other than urea for growth. Furthermore, this
indicated the negative effects on urease activity with increasing hydrocarbon concentration

were due to negative effects on the enzyme urease rather than the overall cell function.
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Figure 4 Urease activity of Glycine Max urease in presence of hydrocarbons (HC) extracted from soil
COV-14. A) Glycine Max urease concentration of 1 and 100 g/L; B) Glycine Max urease concentration of 1

g/L. Markers and error bars indicate average and standard deviation of three replicate tests.
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Figure 5 Urease activity of S. pasteurii in presence of hydrocarbons (HC) extracted from soil COV-14. A)
S. pasteurii cell ODsoo = 0.01 and 1; B) S. pasteurii cell ODsoo = 0.01. Markers and error bars indicate

average and standard deviation of three replicate tests.
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3.7. Bioaugmentation of urea hydrolysis with Sporosarcina pasteurii

Based on the successful growth and urease activity of S. pasteurii in the COV14 soil extract
containing hydrocarbons (Figure 3A and Figure 5), we conducted a bioaugmentation
experiment in COV14 soil with S. pasteurii at ODeoo = 1. Following inoculation of S. pasteurii
and urea on COV14 soil, pH increased from 7.5 to 9 in the first 24 h and remained stable for
7 days. Similarly, NH4" increased from 201 to 51519 mM within the first day, remaining
stable until the end of the experiment, equivalent to 77% urea hydrolysed. These results
confirmed feasibility of urea hydrolysis by S. pasteurii in soil polluted by PAH via

bioaugmentation.
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Figure 6 Evolution of soil pH (left y-axis, circle) and NH4* (right y-axis, triangle) over time following
bioaugmentation of S. pasteurii to induce urea hydrolysis in polluted soil from a gas plant (COV-14).

Markers and error bars indicate the average and standard deviation of three replicate samples.
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Supplementary material

1. Soil characterisation
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Figure S 1 Particle size distribution curves of quarry sand (GQ) and polluted soil (COV14) determined by

laser diffraction on three replicates of <2 mm soil fractions.

Table S 1 Analysis of particle size distribution curves from Figure S 1.

Sample Sand Silt Clay

Cu Cc
ID (1000-63 um) (63-2 um) (<2 um)
GQ 100 0 0 1.72 0.98
HR14-COV-14 70.35 24.92 4.7 42.96 3.04

Table S 2 COV14 Soil total carbon and isotopic 813C composition analysed with a Picarro Combustion
Module Cavity Ring-Down Spectroscopy (CM-CRDS) system (CM by NC Technologies, G2201-i CDRS)

interfaced by a Caddy Continuous Flow Interface (A2100) on five analytical replicates.

weight C measured | d13C- Wt%-C dry weight | Wt%-C
Sample ID (mg) (mg) corrected (9/1009) (mg) (g9/100g)
COV-14/1 3.28 0.16 -26.6 4.9 2.53 6.341984
COV-14/2 6.03 0.21 -26.2 34 4.64 4.478789
COV-14/3 442 0.22 -25.8 4.9 3.40 6.385915
COV-14/4 3.19 0.18 -26.7 5.7 2.46 7.40655
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Figure S 2 Total (A) and exchangeable (B) elemental composition of GQ and COV14 soils (n = 3)

determined by total soil digestion and step 1 of Tessier et al., (1979) sequential extraction, respectively,

and analysed by ICP-OES/MS.
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Figure S 3 Polycyclic aromatic hydrocarbon (PAH) concentrations of soil COV14 (n = 3).

2. ureC primer optimisation
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Figure S 4 PCR of ureC primers (ureC F&R, ureC 2LF&R and ureC 607F&898R) in environmental soil DNA
tested at optimal annealing temperatures identified by Collier et al. (1999), Gresham et al. (2007) and
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Wang et al. (2022), respectively. Column well IDs without, with plus (+) and negative (-) signs indicate

environmental DNA sample, environmental DNA sample spiked with 1 pL ureC standard and control PCR

water, respectively. “L” stands for ladder used to estimate the base pair (bp) length of the target gene.

Figure S 5 Gradient PCR of ureC F&R primer (Collins et al., 1999) on environmental soil DNA sample over
annealing temperature range 50-61°C. Column well IDs without, with plus (+) and negative (-) signs
indicate environmental DNA sample, environmental DNA sample spiked with 1 yL ureC standard and
control PCR water, respectively. “L” stands for ladder used to estimate the base pair (bp) length of the

target gene.
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Figure S 6 Gradient PCR of ureC 2LF&R primer (Gresham et al., 2007) on environmental soil DNA sample

over annealing temperature range 58-68°C. Column well IDs without, with plus (+) and negative (-) signs

indicate environmental DNA sample, environmental DNA sample spiked with 1 L ureC standard and

control PCR water, respectively. “L” stands for ladder used to estimate the base pair (bp) length of the

target gene.
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Figure S 7 Gradient PCR of ureC 607F

Column well IDs without, with plus (+) and negative (-) signs indicate

environmental DNA sample, environmental DNA sample spiked with 1 pL ureC

standard and control PCR water, respectively. “L” stands for ladder used to

estimate the base pair (bp) length of the target gene



3. Urease activity assay

3.1. Linear regression model EC v time

Table S 3 Glycine max linear regression model of EC vs time.

36

ID Urease | Urea | HC Dil r intercept | slope | std.err | r.sqr | p.value | QCcor | sig | UAmean | UAsd
000 0 0 0 0] 0.39 3.7 0.27 0.14 | 0.15 | 7.03E-02 | low 5.99 3.13
0666 0 0 666 0 0] 0.48 6.3 0.43 0.40 | 0.23 | 3.40E-01 | low 9.53 8.81
0666 10 0 666 10 01| 0.31 108.1 0.38 0.27 | 0.10 | 1.77E-01 | low 8.46 6.02
0666 100 0 666 100 | 0.01] 0.06 15.5 0.04 0.15| 0.00 | 7.92E-01 | low 0.90 3.37
0 666 1000 0 666 | 1000 | 0.001 | 0.65 7.2 0.15 0.09 | 0.42 | 1.63E-01 | low 3.39 1.98
0666 2.5 0 666 2.5 1] -0.11 773.0| -0.47 2.04 | 0.01 | 8.30E-01 | low -10.36 | 45.18
0666 5 0 666 5 0.2| 0.16 164.5 0.03 0.08 | 0.02 | 7.68E-01 | low 0.59 1.87
100 1 0 0 0] 0.02 37.5 0.01 0.13 | 0.00 | 9.46E-01 | low 0.19 2.79
16660 1 666 0 0] 0.92 47.3 5.16 0.33 | 0.85 | 3.72E-19 | high sign 114.47 7.30
1666 10 1 666 10 01| 0.85 145.5 3.7 0.34 | 0.73 | 6.17E-14 | med sign 82.44 7.64
1666 100 1 666 100 | 0.01] 0.86 58.4 4.58 0.42 | 0.75 | 8.65E-14 | med sign 101.61 9.25
1666 1000 1 666 | 1000 | 0.001 | 0.92 50.6 4.71 0.29 | 0.85 | 5.57E-20 | high sign 104.58 6.53
1666 2.5 1 666 2.5 1] 0.82 786.9 2.00 0.20 | 0.68 | 7.91E-13 | med sign 44.47 4.54
16665 1 666 5 0.2| 0.98 203.4 2.32 0.07 | 0.96 | 8.98E-33 | high sign 51.49 1.55
10000 100 0 0 0] 0.11 2303.1 0.87 1.91 | 0.01 | 6.53E-01 | low 19.40 | 42.39
100666 0 100 666 0 0] 0.91 3124.9 |1 203.63 | 13.71 | 0.84 | 1.56E-18 | high sign | 4520.56 | 304.44
100 666 10 100 666 10 01| 0.90 3122.6 | 215.73 | 15.66 | 0.81 | 1.45E-17 | high sign | 4789.11 | 347.63
100 666 100 100 666 100 0.01] 09 3097.8 | 212.35| 14.92 | 0.82 | 7.18E-18 | high sign | 4714.23 | 331.29
100 666 1000 100 666 | 1000 | 0.001 | 0.90 3145.4 | 21455 | 15.32 | 0.82 | 7.99E-18 | high sign | 4762.94 | 340.03
100 666 2.5 100 666 2.5 11 1.00 3690.0 | 196.70 1.16 | 1.00 | 6.27E-66 | high sign | 4366.65 | 25.82
100 666 5 100 666 5 0.2| 1.00 3027.9 | 203.49 2.92 | 0.99 | 1.85E-47 | high sign | 451748 | 64.92




Table S 4 Sporosarcina Pasteurii linear regression model of EC vs time.
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ID OD600 | Urea HC Dil r intercept | slope | std.err | r.sqr | p.value | QCcor | sig | UAmean | UAsd
0666 10 0 666 10 0.1 -0.69 3000 | -1.848 | 0.180 | 0.478 | 6.47E-18 | low sign -41.01| 4.00
0666 100 0 666 100 | 0.01] 0.94 2881 | 2.205| 0.158 | 0.891 | 5.05E-13 | high sign 48.96 | 3.50
0666 2.5 0 666 2.5 1] 0.75 3578 | 1.884 | 0.157 | 0.558 | 4.30E-22 | med sign 41.82 | 3.47
0666 5 0 666 5 0.2| 0.57 3044 | 1.250| 0.170 | 0.320 | 3.07E-11 | low sign 27.74 | 3.77
0.0100 0.01 0 0 0] -0.11 2888 | -0.202 | 0.167 | 0.013 | 2.28E-01 | low -4.48 | 3.70
0.01 666 0 0.01 666 0 0| 0.29 2438 | 1.379| 0.431|0.086 | 1.80E-03 | low sign 30.62 | 9.57
0.01 666 10 0.01 666 10 0.1 0.96 2764 | 1.587 | 0.480 | 0.916 | 1.87E-01 | high 35.22 | 10.65
0.01 666 100 0.01 666 100 | 0.01| 0.98 2398 | 1.084 | 0.025 | 0.962 | 1.70E-53 | high sign 24.05| 0.56
0.01 666 2.5 0.01 666 2.5 1] 0.31 3672 | 0.623 | 0.548 | 0.097 | 2.78E-01 | low 13.83 | 12.17
0.01666 5 0.01 666 5 0.2| 0.80 2711 | 2.108 | 0.342 | 0.633 | 3.31E-06 | med sign 46.80 | 7.59
100 1 0 0 0| -0.76 3387 | -1.763 | 0.416 | 0.580 | 9.72E-04 | low sign -39.15| 9.24
1666 0 1 666 0 0] 0.99 3536 | 94.685 | 1.161 | 0.989 | 3.23E-74 | high sign | 2102.02 | 25.78
1666 10 1 666 10 0.1 1.00 2998 | 86.606 | 0.370 | 0.999 | 5.66E-108 | high sign | 1922.65| 8.21
1666 100 1 666 100 | 0.01 1.00 3292 | 80.459 | 0.650 | 0.993 | 8.96E-121 | high sign | 1786.20 | 14.43
1666 2.5 1 666 2.5 1] 0.99 3799 | 65.155 | 0.625 | 0.990 | 2.47E-113 | high sign | 1446.45 | 13.88
1666 5 1 666 5 0.2| 1.00 3173 | 78.921 | 0.136 | 1.000 | 2.79E-201 | high sign | 1752.04 | 3.01




3.2. Statistical analysis

38

Table S 5 Glycine max ANOVA and multiple pairwise-comparisons between the means of groups. Results
of LSD (Least Significant Difference) test on ANOVA.

ENZYME CONCENTRATION =1 g/L

ANOVA p = 4.24e-05 ***

$groups

HC slope groups

0 5.00039 | a

1000 4.86739 | a

100 4.58799 | a

10 3.58599 | b

5 2.29679 | ¢

2.5 2.00294 | c

ENZYME CONCENTRATION =100 g/L

ANOVA p = 0.881

$groups

HC slope groups

100 212.9493 | a

1000 212.231 | a

10 211.9708 | a

0 208.4268 | a

5 203.3631 | a

2.5 196.6961 | a

Table S 6 Sporosarcina Pasteurii ANOVA and multiple pairwise-comparisons between the means of
groups. Results of LSD (Least Significant Difference) test on ANOVA.

CELL CONCENTRATION = 0.01

ANOVA p = 0.131

$groups
slope groups
5 2.197416 | a
10 1.586502 | ab
0 1.426494 | ab
100 1.081262 | b
2.5 1.007535 | b
CELL CONCENTRATION =1
ANOVA p = 5.01e-05 ***
$groups
slope groups

38




10

11

39

0 94.68267 | a
10 86.52793 | b
100 80.52324 | bc

5 78.92065 | ¢
2.5 65.19964 | d
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